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Abstract: The structure of biofilms in drinking water systems is influenced by the interplay between
biological and physical processes. Bacterial aggregates in bulk fluid are important in seeding biofilm
formation on surfaces. In simple pure and co-cultures, certain bacteria, including Methylobacterium,
are implicated in the formation of aggregates. However, it is unclear whether they help to form
aggregates in complex mixed bacterial communities. Furthermore, different flow regimes could affect
the formation and destination of aggregates. In this study, real drinking water mixed microbial
communities were inoculated with the Methylobacterium strain DSM 18358. The propensity of
Methylobacterium to promote aggregation was monitored under both stagnant and flow conditions.
Under stagnant conditions, Methylobacterium enhanced bacterial aggregation even when it was
inoculated in drinking water at 1% relative abundance. Laminar and turbulent flows were developed
in a rotating annular reactor. Methylobacterium was found to promote a higher degree of aggregation
in turbulent than laminar flow. Finally, fluorescence in situ hybridisation images revealed that
Methylobacterium aggregates had distinct spatial structures under the different flow conditions.
Overall, Methylobacterium was found to be a key strain in the formation of aggregates in bulk water
and subsequently in the formation of biofilms on surfaces.
Keywords: Methylobacterium; drinking water; aggregates; biofilms; microcolonies; stagnant;
laminar; turbulent
1. Introduction
The formation of biofilms on pipe walls is controlled by physical, biological, and chemical
processes [1]. One important biological process is bacterial aggregation, where microorganisms interact
with each other, forming a cluster that is free-floating and can be attached to a substratum as part-of or
a precursor-to a biofilm [2]. This adhesion mechanism has been suggested to influence the formation of
complex multi-species biofilms in several diverse habitats [3]. Aggregation conveys many advantages
to microorganisms in drinking water systems, such as enhanced transfer of chemical signals, exchange
of genetic information, protection against harsh conditions, and metabolic cooperation [4].
Among culturable bacteria, the most commonly found genera in drinking water are
Pseudomonas [5–11], Sphingomonas [4,6–8,10,12], Methylobacterium [4,6–8,12], Aeromonas [8,13],
and Acinetobacter [5,6,8]. A small number of species, such as the Methylobacterium species [12],
Acinetobacter calcoaceticus [4], and Mycobacterium species [12,14] have been implicated in promoting
aggregation in pure or simple mixed cultures. Species of Methylobacterium are found in a wide
variety of environments, such as soil, dust, freshwater, lake sediments, leaf surfaces, air, root nodules,
rice grains, and hospital environments [15]. They exhibit resistance to chlorination in drinking water,
which might explain their prevalence in domestic water-associated environments, such as drinking
water distribution systems, shower curtains, and showerhead biofilms [16,17]. They are classified as
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opportunistic pathogens in clinical settings, such as dental water lines, blood bank purification units
and urinary units, causing serious threat to ill patients [18]. It has been shown that Methylobacterium
species belong to the group of amoeba-resisting bacteria in drinking water [19] and that their presence
in taps and showerheads inhibits the presence of Mycobacterium species, which are opportunistic
pathogens in household, hospital plumbing, and in instruments with water reservoirs [17]. Here, it is
hypothesised that the Methylobacterium strain DSMZ (Deutsche Sammlung von Mikroorganismen und
Zellkulturen) 18358 is capable of promoting aggregation not only in dual cultures but also in complex
mixed drinking water microbial communities. To test this hypothesis, this Methylobacterium strain was
inoculated at a relative abundance of 1% into drinking water under stagnant conditions.
Evidence from the freshwater environment has shown that at higher shear rates, a higher number
of autoaggregating bacteria (same species) was found. Also, at intermediate shear rates it was
shown that a higher number of coaggregating bacteria (different species) occurred. This showed
that autoaggregation interactions were stronger than coaggregation interactions at high shear rates.
Within these autoaggregating and coaggregating bacteria, there were species of Methylobacterium
with a high visual score [14]. It has been suggested that there is an “on and off” switching of the
coaggregation ability of bacteria in the freshwater environment and that could indicate some form
of environmental control of this coaggregation process through starvation and stress [20]. If flow
dependence with aggregation does exist in oligotrophic stressful conditions, like that of complex mixed
drinking water microbial communities, then perhaps the interaction between the aggregation ability of
the Methylobacterium and the flow regime is critical for biofilm formation. To investigate the influence
of flow regime, the Methylobacterium strain DSM 18358 was inoculated at a relative abundance of 1%
into drinking water under laminar and turbulent flow conditions.
The development of methods in order to study multi-species biofilms has allowed the
identification of the various architectures and compositions of a biofilm [21]. Fluorescence in situ
hybridisation (FISH) is an effective and simple technique based on specific probes, which anneal
to specific target sequences of samples. Also, fluorescent reporter molecules are attached to the
probes. This technique has been used for the detection of the presence of chromosomal abnormalities
due to its high sensitivity and specificity and has provided significant advances in the research of
leukaemia [22,23]. This method extends fluorescence microscopy and allows for the fast detection and
enumeration of specific microorganisms. It has been successfully used to characterise microorganisms
within biofilms and to detect pathogens in drinking water [24]. A limitation of the method is that,
when it is used to detect cells with low ribosomal content, an increased sensitivity must be obtained.
Low ribosomal content is often seen in organisms of oligotrophic environments such as drinking
water [25].
The use of FISH in order to characterise structures of bacteria in drinking water is
rare [26]. Most often, DAPI staining [4] and catalysed reporter deposition-FISH (CARD-FISH) are
used [24,25,27–29]. However, FISH has been used to detect Methylobacterium in various environments,
such as plants [30] and bathrooms [31]. Here, the spatial structure of Methylobacterium in relation to the
rest of the bacterial population under stagnant, laminar, and turbulent flow conditions was assessed
using FISH. This technique allowed us to visualise the Methylobacterium strain DSM 18358 and the
total bacterial cells in the bulk water and on the exposed surfaces. Thus, the aggregation ability of the
Methylobacterium and its effect on the structures of the total bacterial population could be characterised.
2. Materials and Methods
2.1. Methylobacterium Culture
The Methylobacterium strain DSM 18358 was chosen for experimental analysis in this study.
This strain was previously isolated from a drinking water network in Seville, Spain [15]. The culture
received from DSMZ (Leibniz-Institute, Braunschweig, Germany) was first reactivated [32] and
Methylobacterium was then cultured in R2A agar plates at 28 ◦C in the incubator for 72 h [16]. A colony,
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which was created by streaking on the agar plates [33], was inoculated into 10 mL R2A medium [12],
and incubated at 28 ◦C at 150 rpm speed for 72 h [16]. The R2A is a low-nutrient medium, which
has been used for viable bacterial count and isolation of bacteria from drinking water [34–36] like
Methylobacterium [37,38]. The specific growth rate was calculated at 0.17 ± 0.02 h−1 and the doubling
time was calculated at 4.24 ± 0.42 h. In this way, the Methylobacterium inoculum was prepared for
our experiments.
To inoculate the Methylobacterium strain DSM 18358 in drinking water it was necessary to
conduct cell count measurements of the pure culture at the exponential phase of growth. For these
measurements, samples of 5 mL of the pure culture were filtered through 47 mm Whatman®
0.2 µm membrane filters (Sigma-Aldrich, Gillingham, UK) after they were fixed with 0.5 mL of
2% formaldehyde [39]. The filter paper pieces were then covered with 1 mL of 0.1% Triton X-100
solution (ThermoFisher Scientific, Loughborough, UK) in order to evenly disperse the cells. The cells
were then stained with 1 mL of 10 µg/mL DAPI (ThermoFisher Scientific, Loughborough, UK) for
20 min in the dark and then visualised using fluorescence microscopy. All colony and cell count
measurements were performed in triplicate. The Methylobacterium cells were then visualised under
a 100× objective lens (UPlanFLN, Tokyo, Japan) using the Image Pro Plus 7.0 software. The cell
concentrations after 6, 10.5, and 15 h of growth were found to be (1 ± 0.3) × 108, (3.2 ± 0.8) × 108 and
(10 ± 3) × 108 cells/mL, respectively.
2.2. Drinking Water Culture
Drinking water was sampled from a domestic tap in Glasgow early in the morning after flushing
the tap for 10 min. The drinking water treatment plant, which supplies water to the location from
which the water was sampled, uses surface water as its source. The treatment steps that are followed in
this treatment plant are: coagulation, rapid gravity filtration, chlorine disinfection, and orthophosphate
dosing. The tap was flushed prior to sampling to avoid the effects of water stagnation in the premise
plumbing at the sampling point [40]. The concentration of total chlorine of the drinking water sampled
from the tap was measured immediately after its sampling using the USEPA DPD Method 8167 and
a colorimeter (DR 900 Hach, Loveland, CO, USA) and was found to be 0.36 mg/L [41]. This high
chlorine concentration was expected since the treatment plant is very close to the sampling point:
approximately 6 km away. Chlorine concentration is expected to be lower if the sampling point is far
from the treatment plant due to the reactions of chlorine with the network materials. This would result
in higher number of bacteria in the sampled tap water, higher water temperature, and the formation of
trihalomethanes from chlorine and precursor materials [42]. The density of bacteria in the drinking
water was low. It was determined at (4.9 ± 1.5) × 105 cells/mL as described previously. To increase
the density and, hopefully, the likelihood of seeing aggregation events, the samples were enriched
with cells; this was achieved by adding glucose to the drinking water. Bacterial growth was achieved
through the inoculation of 5% glucose in 10 mL drinking water [43]. Liquid cultures were incubated
at 28 ◦C at 150 rpm for 72 h, as with the Methylobacterium pure culture. In order to ensure that the
drinking water cultures were successfully enriched with cells by the addition of glucose, the optical
density (OD) was monitored every 3 h for 72 h in total and the specific growth rate and doubling time
were then calculated [12] in the same way as with the Methylobacterium pure culture. Then, in order to
conduct the inoculation experiments it was necessary to measure the cell concentration of the drinking
water culture at the exponential phase of growth. This was measured using fluorescence microscopy
as described previously. The specific growth rate was calculated at 0.18 ± 0.02 h−1 and the doubling
time was calculated at 3.96 ± 0.40 h [12]. The cell concentrations of the culture at the exponential phase
of growth were found after 15, 19.5, and 24 h of growth to be (1.2 ± 0.8) × 108, (3.8 ± 1.2) × 108 and
(9.2 ± 0.6) × 108 cells/mL, respectively [44].
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2.3. Inoculation of Methylobacterium into Drinking Water
The drinking water culture without the addition of Methylobacterium is described as “control”
culture, and the drinking water culture with the addition of Methylobacterium is described as
“inoculated” culture. For both control and inoculated cultures, drinking water cells were harvested
from the enriched cell drinking water culture that was at the exponential phase of growth (so that
the cells are active) by centrifugation for 20 min at 13,000× g speed, washed 3 times in 0.1 M of
phosphate-buffered saline [12], and re-suspended in 10 mL of drinking water that was sampled again
from the domestic tap in Glasgow. For the inoculated culture, Methylobacterium cells were harvested
from the pure Methylobacterium culture that was at the exponential phase of growth and re-suspended
in the 10 mL of drinking water.
The relative abundances at which the Methylobacterium strain DSM 18358 was inoculated into
the drinking water were 1%, 10%, and 20%. This was decided because, for species that are rare,
their relative abundances are within the range of 0.1% to 1% [45]. Thus, a relative abundance of a
strain at 1% is considered to be a low abundance in a mixed population. Also, Methylobacterium species
have been found to be present in drinking water in the United Kingdom [46,47] but they have not
been found to be abundant in Glasgow tap water [40]. Here, only the case in which Methylobacterium
was inoculated at the lowest relative abundance of 1% is reported. This is because it is a more realistic
concentration for a strain in drinking water and it was found that there were modest differences
in aggregation for the successive relative abundances of 1–10% and 10–20%, so the behaviour of
Methylobacterium was qualitatively the same. Thus, the discernible effects that are described below are
adequately demonstrated with the lowest inoculated level, 1%, of Methylobacterium.
2.4. Stagnant Conditions
Both control and inoculated cultures were placed in BRAND® culture tubes (Sigma Aldrich,
Gillingham, UK) and incubated at 28 ◦C, as this was the optimal growth temperature for
Methylobacterium [16]. After 24, 48, and 72 h aggregation analysis was carried out [48]. Firstly,
aggregation scores were recorded by visual observation of the different liquid cultures [14]. The cultures
were homogenised in vortex for 10 s and then rolled gently for 30 s before determining the scores.
For the visual aggregation assay the scoring criteria were as follows: 0 for no aggregates in suspension;
1 for small uniform aggregates in a turbid suspension; 2 for easily visible aggregates in a turbid
suspension; 3 for clearly visible aggregates which settle, leaving a clear supernatant; and, finally, 4 for
large flocs of aggregates that settle almost instantaneously, leaving a clear supernatant.
The liquid cultures were then filtered on gridded membrane filters (cellulose nitrate filters of
0.2 µm pore size with 3 mm2 squares, Sartorius, Surrey, UK). The number of aggregates was determined
visually on the membrane filters. The size of aggregates was measured as the product of the length
and width of the aggregates on the membrane filters. From the number and size of aggregates,
the surface area that the aggregates occupied on the membrane filters was calculated. For each of those
measurements, triplicates of samples were used.
2.5. Flow Conditions
Bacterial aggregation in the bulk water of the reactor was studied at 0, 24, 48, and 72 h, and the
subsequent initial biofilm formation on the slides of the reactor at 24, 48, and 72 h in turbulent and
laminar flows. A jacketed rotating annular reactor (RAR; model 1320 LJ, BioSurface Technologies,
Bozeman, MT, USA) was used in order to develop the flow conditions. The reactor held 20 removable
polycarbonate slides, which were attached to its inner drum. The polycarbonate material was chosen
as one of the plastic materials used in drinking water systems, which does not have a rough surface
of corroded material [49]. The jacket allowed the temperature to be maintained at 16 ◦C, via cooled
water from a bath circulator (Isotemp Bath Circulator, Fisher Scientific, Loughborough, UK); this is
the representative temperature of drinking water systems in the United Kingdom for spring and
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summer [50]. The reactor was covered with aluminium foil in order to achieve dark conditions for
biofilm growth.
This reactor was used to simulate flow conditions similar to those in a pipe with a radius equal to
the gap between the two cylinders of the reactor, and mean velocity equal to the mean velocity of the
reactor. The inner drum of the reactor was rotated at two different speeds to induce Taylor–Couette
flows [51]: at 30 rpm (the Reynolds number, Re = 960 and the Taylor number, Ta = 233), which
corresponds to laminar flow; and at 217 rpm (Re = 6800 and Ta = 1682), which corresponds to turbulent
flow. These two conditions in the reactor correspond to flow conditions of a pipe with a diameter of
30.3 mm: of average velocity at 0.03 m/s and shear stress at the wall at 0.007 N/m2, and average velocity
at 0.25 m/s and shear stress at the wall at 0.07 N/m2, respectively [52,53]. The choice of the diameter
of the pipe at 30.3 mm is acceptable for drinking water pipes at the extremities where the service
lines start [14,54]. In those parts of drinking water distribution systems (DWDS) the control of flow
conditions is very important as the disinfectant residual has been depleted and microbial activities are
higher than in the mains of DWDS [55]. Also, the conditions in service lines are characterised by longer
residence times, higher stagnation periods, reduced flow rates and higher temperatures compared to
the mains [56]. The reactor was filled with only one litre of drinking water that was sampled from the
domestic tap in Glasgow. In order to create the control and the inoculated drinking water cultures in
the reactor, the same process described earlier was followed. The concentration of cells in the bulk
water and on the reactor slides was determined using fluorescence microscopy (Olympus IX71, Tokyo,
Japan) and was found to be (5.1 ± 2.3) × 108 cells/mL and (5.3 ± 2.2) × 105 cells/cm2, respectively.
The concentration of microcolonies of 5 mL liquid samples was determined by fluorescence
microscopy using the 100× magnification, as described earlier for the concentration of cells.
The microcolonies had a diameter of approximately 10 µm, indicating that they were formed of
approximately 10 cells. Also, the number of aggregates from 10 mL liquid samples was determined
directly by visual observation after the samples were filtered on cellulose nitrate filters of 0.2 µm
pore size with 3 mm2 squares (Sartorius, Surrey, UK). Finally, 5 mL samples were filtered on 47 mm
Whatman® 0.2 µm membrane filters (Sigma-Aldrich, Gillingham, UK) and subsequently the surface
area that biofilms from the bulk water covered on the membrane filters was determined by fluorescence
microscopy using the 1000×magnification. In order to stain the cells of the biofilms, 1 mL of 10 µg/mL
of DAPI was used; in order to stain the extracellular polymeric substances (EPS) of the biofilms,
1 mL of 10 µg/mL of fluorescein Aleuria aurantia lectin (Vector laboratories, Peterborough, UK) was
used [57]. The composite image of biofilms was created using the Matlab command called “imfuse”.
The percentages of surface area of biofilms were calculated in Matlab by processing 30 microscopy
images. The original images were firstly converted to grey-scale images and then to binary images in
order to separate the biomaterial from the background. For each measurement, triplicates of samples
were used.
The number of microcolonies that were attached on the reactor slides was calculated directly on
the slides of the reactor by fluorescence microscopy using the 100×magnification after the samples
were fixed with 0.5 mL of 4% paraformaldehyde [58]. Also, the number of aggregates was determined
directly by visual observation on the reactor slides. Finally, the percentage of surface area that biofilms
covered on the reactor slides was calculated by fluorescence microscopy using the 1000×magnification,
as described previously. Again, for each measurement triplicates of samples were used.
2.6. Statistical Analysis
All measures were analysed in IBM SPSS Statistics. Statistical calculations were based on the
confidence level of 95%, which means that a p value lower than 0.05 was considered statistically
significant. For stagnant conditions, all aggregation measures were tested using the Pearson’s
chi-squared and Phi and Cramer’s tests. For flow conditions, different tests were used. To compare the
measures between the control and inoculated culture the following tests were used: In turbulent
flow, for the number of microcolonies in the bulk water and the number of aggregates on the
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slides, the Kruskal–Wallis test, and the one-way ANOVA test in conjunction with the Tukey’s and
Duncan–Waller’s tests were used, respectively. In laminar flow, for both these measures, the Pearson’s
Chi-squared and Phi and Cramer’s tests were used. In turbulent flow, for the surface area of biofilms
from the bulk water the one-way ANOVA test in conjunction with the Tukey’s and Duncan–Waller’s
tests were used. To compare the measures between the turbulent and laminar flow, the following
tests were used: To compare the microcolonies in the bulk water the Pearson’s Chi-squared and
Phi and Cramer’s tests were used. Also, to compare the aggregates on the reactor slides and the
surface area of biofilms from the bulk water, the one-way ANOVA test in conjunction with the Tukey’s
and Duncan–Waller’s tests were followed. Finally, to compare the measures between the different
time periods the following tests were used: In laminar flow, the Pearson’s Chi-squared and Phi and
Cramer’s tests were used. In turbulent flow, for the microcolonies in the bulk water and the aggregates
on the slides, the Pearson’s Chi-squared and Phi and Cramer’s tests were used, and for the surface
area of biofilms from the bulk water, the Kruskal–Wallis test was used.
2.7. Polymerase Chain Reaction
To conduct FISH it was necessary firstly to perform polymerase chain reaction (PCR) in order to
use a PCR primer specific to Methylobacterium DSM 18358 for the hybridisation step. For PCR, genomic
DNA was extracted from the pure Methylobacterium culture that was at the exponential phase of growth
at a series of different OD values using the Maxwell® 16 LEV Blood DNA kit and quantified based
on the Qubit® DNA assay using the Qubit® Fluorometer (ThermoFisher Scientific, Loughborough,
UK). In order to determine and amplify the DSM 18358 specific DNA, PCR primers were designed and
tested to target the 16S rRNA gene for the Methylobacterium strain DSM 18358. The forward primer,
MethF (5′-CTT GAG TGT GGT AGA GGT T-3′), targeted the V4 region and the reverse primer, MethR
(5′-TGT ATC TCT CCA GGT AAC A-3′), targeted the V5 region. The PCRs were carried out using the
Techne TC-5000 gradient thermal cycler (Boulevard, Suffern, NY, US).
To test the primers, the Standard MyTaq Mix Protocol (Bioline) [59] was used with 0.5 µL of 10 µM
of each primer, 0.2 µL of 1 U Bioline MyTaqTM DNA polymerase (BIO-21106), 5 µL of 5X MyTaqTM
Buffer (containing 5 mM deoxynucleoside triphosphates (dNTPs) and 15 mM magnesium chloride
(MgCl2)), and 1 µL of 4.6 ng/µL template DNA in a final volume of 20 µL. This template DNA was
derived from a sample from the pure culture with OD quantified at 0.32 and DNA quantified at
46 ng/µL. Triplicates of samples were used in the reactions, including 3 negative controls in which
there was no template DNA. The thermal cycler conditions were as follows: 95 ◦C for 5 min followed
by 35 cycles of 95 ◦C for 15 s, 55 ◦C for 15 s, and 72 ◦C for 15 s. The PCR products were finally
visualised using agarose gel electrophoresis.
2.8. Characterisation of Aggregates Using FISH
Samples that were analysed using FISH were obtained from the 24 h time point of stagnant
conditions, laminar flow, and turbulent flow. The samples under stagnant conditions were liquid
samples, whereas those in laminar and turbulent flow included samples from both the bulk water
and the slides of the reactor. For the samples that were obtained from the slides of the reactor, all the
material was gently scraped from them and then diluted in 10 mL of distilled water. Fluorescent in
situ hybridisation was carried out by following the steps described below [60].
All samples were firstly filtered on 47 mm Whatman® 0.2 µm membrane filters (Sigma-Aldrich,
Gillingham, UK). Then, they were fixed using 2% paraformaldehyde for 8 h and stored at −20 ◦C [61].
The samples were dehydrated in an aqueous ethanol dilution series (50, 80, 90–96%) for 3 min each
and then the filters were cut into pieces of 2 mm2 squares.
The 16S rRNA V4 region of Methylobacterium strain DSM 18358 was targeted using the forward
PCR primer MethF (5′-CTT GAG TGT GGT AGA GGT T-3′). The probe was labelled with digoxigenin
(DIG) [62,63]. For the detection of the total bacterial drinking water population the universal 16S rRNA
bacterial probe EUB338 (5′-GCT GCC TCC CGT AGG AGT-3′) was used, targeting the 16S rRNA V3
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region of all cells [64]. The EUB338 probe was labelled with cyanine dye (CY3) [65]. Both the 5′-DIG
labelled probe MethF and the 5′-CY3 labelled probe EUB338 were purchased from Eurofins (Eurofins
Scientific, Ebersberg, Germany).
The hybridisation buffer included 5 M sodium chloride (NaCl), 1 M tris-hydrochloride (Tris-HCL)
at pH = 8, 30% formamide (CH3NO), and 10% sodium dodecyl sulphate (SDS) at pH = 7.2.
Hybridisation was carried out through the addition of 8 µL of hybridisation buffer and 1 µL of
50 ng/µL of each probe to each sample. Samples were hybridised at 46 ◦C for 2 h in a water circulator
(Isotemp Bath Circulator, Fisher Scientific, Loughborough, UK).
Unbound oligonucleotides were removed by rinsing the samples with 2 mL of washing buffer.
This buffer included 1 M Tris-HCL at pH = 8, 5 M NaCl, 0.5 M EDTA at pH = 8 and 10% SDS at pH = 7.2.
The samples were washed at 48 ◦C for 15 min in the same water circulator as in the previous step and
then deposited on gelatin-coated slides (Marienfeld, Lauda-Königshofen, Germany), which contained
10 reaction wells. The slides were then dried at room temperature, in the dark, overnight. All the DNA
of the samples was then stained with 10 µg/mL DAPI for 20 min in the dark. Remaining DAPI solution
was removed afterwards by rinsing the slides gently with distilled water. After air drying, cover
glasses were mounted with 2 µL of Ever Brite™ mounting medium (Biotium, Cambridge Bioscience,
Cambridge, UK). Samples were finally analysed using fluorescence microscopy. The composite images
included all 3 staining channels: DAPI for all DNA, Cy3 for all drinking water bacteria, and digoxigenin
for the Methylobacterium strain DSM 18358 only. The images were analysed using Matlab whereby the
command called “cat” was used that concatenates arrays along a specified dimension.
3. Results
3.1. Influence of Methylobacterium on Aggregation under Stagnant Conditions
The characteristics of the aggregates that were formed under stagnant conditions for the two
different drinking water cultures, the control and the inoculated one, are presented in Table 1. Our first
critical question was: did the addition of Methylobacterium influence the aggregation in drinking water?
Even without adding Methylobacterium, aggregates were formed in drinking water. However, when
Methylobacterium was inoculated into the drinking water at 1% relative abundance, all our measures
except from the number of aggregates were found to be significantly higher (p < 0.05) in the inoculated
than in the control culture. The second question was: did the time period of growth influence the
aggregation in drinking water? There were no significant differences in the aggregation between the
different time periods of growth at 24, 48, and 72 h for the control and inoculated cultures. These
results were found based on all our tested inoculated cultures and not only on the data presented in
Table 1 for the lowest inoculated culture.
Table 1. Aggregation measures for control (C) and inoculated (I) drinking water cultures at 24, 48,
and 72 h under stagnant conditions.
Measures 24 h 48 h 72 h
Size of aggregates (mm2)
C/I 0.2/0.3 0.3/0.6 0.1/0.2
Number of aggregates
C/I 1/4 5/6 1/2
Total Area of aggregates
(mm2)
C/I 0.2/1.2 1.5/3.6 0.1/0.4
Aggregation scores
C/I 1/2 2/3 2/3
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3.2. Influence of Methylobacterium on Aggregation under Flow Conditions
Here, only the results for the measures for which significant differences were found between
the different tested conditions are presented. The concentration of microcolonies in the bulk water
(Figure 1) and the number of aggregates on the slides of the reactor (Figure 2) were found to be
significantly higher (p < 0.05) in the inoculated culture than in the control one for turbulent flow.
The same result for the microcolonies in the bulk water and aggregates on the reactor slides was found
for laminar flow. There were no aggregates found in the bulk water in both laminar and turbulent flow.
The percentage of surface area of biofilms from the bulk water (Figure 3) was found to be significantly
higher (p < 0.05) in the inoculated culture than in the control one only in turbulent flow. The summary
for those differences is presented in Table 2.Water 2017, 9, 778  8 of 16 
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Table 2. Significant differences that were found in the various aggregation measures between the
control and inoculated drinking water culture in turbulent and laminar flow, and between the turbulent
and laminar flow in the control and inoculated drinking water cultures.
p < 0.05 = X Control vs. Inoculated
p < 0.05 = Y Turbulent vs. Laminar
Aggregation measure microcolonies per mL aggregates on slides biofilms% from the bulk
Turbulent/Laminar X/X X/X X/-
Control/Inoculated Y/Y Y/Y Y/Y
The number of microcolonies in the bulk water (Figure 1), the number of aggregates on the
slides of the reactor (Figure 2), and the percentage of surface area of biofilms from the bulk water
(Figure 3) were found to be significantly higher (p < 0.05) in turbulent flow than in laminar flow for the
control culture. The same result for the microcolonies in the bulk water, the aggregates on the reactor
slides, and the surface area of biofilms was found for the inoculated culture. The summary for those
differences is presented in Table 2.
Significant differences were found in the various measures between the different time periods
of growth. The most significant differences (p < 0.05) were found between 24 and 48 h, which shows
that this was the most important time period for bacterial aggregation in the reactor. The summary for
those differences is presented in Table 3.
Table 3. Significant differences in the various aggregation measures in turbulent and laminar flow
between the different time periods. “C” refers to control and “I” refers to inoculated drinking
water cultures.
p < 0.05 = X Microcolonies per mL Aggregates on Slides Biofilms% from the Bulk
0–24 h
Turbulent C/I /X /X
Laminar C/I /X
24–48 h
Turbulent C/I /X /X X/X
Laminar C/I /X /X X/X
48–72 h
Turbulent C/I X/X
Laminar C/I /X
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3.3. Structures of Aggregates
The images obtained from microscopy only in the areas in which the Methylobacterium was present
are here presented. Under stagnant conditions, the Methylobacterium was dominant within large
aggregates that appeared to exclude the other drinking water bacteria (Figure 4a). Similarly, by visual
observation of all the images it was found that, in laminar flow, the Methylobacterium was dominant
within the aggregates from the reactor slides (Figure 4bi). However, as the shear stress increased from
stagnant to laminar flow conditions there was a co-location of other drinking water bacteria within the
aggregates in which the Methylobacterium was present. In turbulent flow, the Methylobacterium acted
as a coagulant forming firstly its own aggregates and then picking up the rest of the drinking water
bacteria around it (Figure 4ci). Specifically, it was shown that the Methylobacterium created a tightly
knit core and the rest of the drinking water bacteria created a large mantle that surrounded this core.
Here, the aggregates that were formed were more than those detected in laminar flow.
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The samples analysed with FISH in turbulent and laminar flow conditions included not only
samples from the reactor slides, but also samples from the bulk water of the reactor. In brief, the FISH
images revealed that there were more aggregates detected in the samples from the slides of the
reactor compared to those from the bulk water in both turbulent and laminar flow conditions. Also,
the aggregates detected in the bulk water of the reactor in both laminar (Figure 4bii) and turbulent
flows (Figure 4cii) were less than those in the bulk water under stagnant conditions (Figure 4a). Finally,
the aggregates detected in the bulk water of the reactor in turbulent flow (Figure 4cii) were more than
those in the bulk water in laminar flow (Figure 4bii).
Finally, there were images in which there was no Methylobacterium detected in both stagnant and
flow conditions. For those images, it was found that this area was covered by the rest of the drinking
water bacterial population. Again, more aggregates were detected in turbulent than in laminar flow
for both bulk water samples and samples from the reactor slides. Again, more aggregates were found
in the samples from the reactor slides than in those from the bulk water of the reactor for both laminar
and turbulent flow conditions.
4. Discussion
The interaction between hydrodynamics and biofilm growth and morphology has received
significant attention. Both modelling [66,67] and experimental studies [57,68] have revealed the
important roles that, for example, shear-stress-induced detachment of cells or increased oxygen
transport to a biofilm in turbulent flow conditions play on the structure and growth of an established
biofilm. From an engineering perspective, this does give some inkling of ways of managing the
flow of the water distribution system to control the sloughing of biofilm material into the bulk water
that ultimately emerges at the tap. However, more attractive, but currently more elusive, solutions
to the problems of biofilms in drinking water systems would involve intervention that prevents
the biofilms ever forming on the pipe surfaces. The solutions could take many forms—novel pipe
materials, chemical interventions, disruption of the cell biology—but all would share a common goal
of disrupting the initial colonisation of surfaces: a process that may start with bacterial aggregation
and about which there is little knowledge concerning complex mixes of bacteria in environments with
different physicochemical conditions.
Studies on drinking water biofilms tend to be for flow conditions; far less is known about biofilm
formation under stagnant conditions. This is despite the fact that stagnant waters occur regularly in
parts of a drinking water distribution system when the water consumption is low [69]. Thus, part of
our study here was focused on bacterial aggregation in drinking water under stagnant conditions.
Motility, stress, and quorum sensing are all known to play an important role in triggering the switch
from planktonic to biofilm mode of life in bacteria [70,71]. In the oligotrophic conditions in DWDS,
where chemical stresses like chlorination are imposed, biofilms unsurprisingly seem to be the favoured
mode of life for microorganisms. Yet, there is evidence that colonisation of biofilms on surfaces does
not progress as a random uniformly distributed deposition of bacteria from the bulk liquid onto the
surface [72].
Recently, in one of the few studies to explore the colonisation of complex biofilms under high-shear
flows, for a complex mix of bacteria harvested from an activated sludge plant in a rotating annular
reactor, the formation of heterogeneous clusters of bacteria, and the size and number of clusters were
demonstrated [72]. Surprisingly, the number and size of clusters was positively correlated with shear
stress on the surface of the slides; one might have expected that higher shear would make it more
difficult for bacteria to adhere. Flocs that are important in successful wastewater treatment were
removed and then a mixed supernatant, comprising planktonic bacteria, was cultured for 24 h before
it was inoculated into the high-shear bioreactor. The clustering patterns observed were also observed
in previous studies [73–75], but the positive and strong correlation between clustering and shear is
novel and the level of turbulence in the flow developed to induce such high shear flows is unique in
biofilm colonisation studies. The mechanisms suggested to be important for the clustering patterns are
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co-adhesion [76], which occurs on the substratum and describes the propensity for bacteria to attach in
proximity to those that have already attached, and coaggregation [77], which is the coming-together of
bacteria in clumps in the bulk water prior to adhesion onto the surface.
Part of the motivation for our research was that bacterial aggregation has been studied only
for simple mono- and dual-species cultures [4]. These studies, which were performed in batch
cultures, were motivated by biofilm formation but did not extend as far as the formation of complex
multi-species biofilms on surfaces in realistic flow conditions. Nonetheless, the critical finding was
that not all bacteria contribute equally to aggregation: some bacterial species such as Methylobacterium
seem to promote aggregation. They go onto suggest that quorum sensing (QS) may play a role in
aggregation [12,28,78,79]. Quorum sensing can be influenced by the hydrodynamic environment.
It has been shown that signals do not remain the same under different shear stress conditions due to
mass transfer properties in the local environment. Biofilm thickness and density may be altered due to
the hydrodynamic environment and, subsequently, QS signals can be also affected [79].
Here, it was found that aggregation did occur in a complex drinking water microbial community
even under stagnant conditions. This suggests that some form of chemotaxis occurs, perhaps QS,
which causes the bacteria to move towards and then adhere to one another. What is clear is that the
process is enhanced by inoculating the Methylobacterium and it has been shown that the production of
QS molecules is widespread amongst Methylobacterium species [28,80,81]. Also, the fact that there were
no significant differences in aggregation beyond 24 h suggests that the aggregation occurred relatively
quickly and plateaued once it had occurred. This might indicate that Methylobacterium initiated the
aggregation process and then played a less important role as time proceeded.
Our experiments indicated that, in laminar flow, aggregation was enhanced in the inoculated
drinking water culture compared to the control one. In the inoculated laminar flow experiment,
as time progressed the number of microcolonies in the bulk water and the surface area of biofilms
from the bulk water were diminished and, subsequently, the number of aggregates on the slides
was increased. Interestingly, when the rotational speed of the reactor was increased to take the flow
into a fully turbulent regime there was no such gradual increase in aggregates on the reactor slides.
Instead, there was a rapid accumulation within the first 24 h, and then a much slower accumulation.
Aggregation was found to be enhanced in turbulent flow compared to laminar flow; inoculating with
the Methylobacterium further enhanced the aggregation. Contrary to stagnant conditions, visible
aggregates were not observed in the bulk water for both flow regimes. This suggests that the
hydrodynamics ensure that aggregates are moved onto the reactor surfaces before they become
large enough to be visible.
From FISH analysis it was found that aggregation did occur for general drinking water bacteria
other than the Methylobacterium strain DSM 18358. It might be that these aggregates were created by
other keystone species that were not targeted with FISH. The findings from this study agreed with the
previous findings, which showed that aggregation was enhanced in the turbulent flow compared with
the laminar flow. Under both flow conditions, aggregates were more apparent for the slide samples
than for the liquid samples. This suggests that once aggregates formed in the bulk water they moved
onto the surfaces. Previously, it was found that there were no visible aggregates in the liquid samples
for both flow conditions. However, from the FISH images it was shown that aggregates did occur in the
bulk water, but those aggregates were detectable by microscopy and not by visual observation. It was
finally shown that there were more aggregates under stagnant conditions than under flow conditions
in the bulk water, which again suggests that the flow conditions enable the move of aggregates onto
the surfaces.
Our experiments lend weight to the speculation in Saur et al. [72] that coaggregation in the bulk
liquid is an important precursor to biofilm colonisation and that the formation of aggregates at various
scales is enhanced by turbulence. The increase in mass transport with increasing turbulence is a very
well documented phenomenon [82–85] and, thus, it is unsurprising that movement of biomass from the
bulk liquid onto the surfaces increases with shear stress. What is surprising is that the propensity for
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aggregation in the bulk liquid is maintained as the flow speeds increase and turbulence is induced. If
there are groups of bacteria that produce a chemical signal to induce aggregation, then one might expect
that the dispersal caused by turbulent flow would homogenise the concentration of the signalling
molecule and, thus, make chemotaxis difficult. It has been suggested that individual bacterial cells
can feel turbulence and modify their phenotype in response to it [86]. So, it could be that the drinking
water bacteria modify their cell surfaces to promote adhesion in turbulent flow conditions, and that
the mechanical mixing and the consequent increased likelihood of collisions form aggregates. Yet,
this does not explain why the core of the aggregates was made up of the Methylobacterium in turbulent
flow; the Methylobacterium must firstly form a single-species core and, then, the other bacterial species
adhere to this core. Thus, it looks like even in turbulent flow conditions some sort of signalling
occurs between the Methylobacterium cells that causes them to rapidly adhere to one another. If this is
chemical signalling, then it is a mystery how the chemical gradients are maintained in highly mixed
turbulent flows.
These results revealed that the Methylobacterium studied is a keystone strain in aggregation in
drinking water. Thus, disrupting the formation of biofilms by targeting the keystone species that
initiate the aggregation process, rather than acting on all species equally, may be a beneficial strategy
to the drinking water industry.
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